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Abstract

The bacterial cytoplasmic membrane is composed of roughly equal propor-
tions of lipids and proteins. The main lipid components are phospholipids,
which vary in acyl chain length, saturation, and branching and carry head
groups that vary in size and charge. Phospholipid variants determine mem-
brane properties such as fluidity and charge that in turn modulate interac-
tions with membrane-associated proteins. We summarize recent advances
in understanding bacterial membrane structure and function, focusing par-
ticularly on the possible existence and significance of specialized membrane
domains. We review the role of membrane curvature as a spatial cue for
recruitment and regulation of proteins involved in morphogenic functions,
especially elongation and division. Finally, we examine the role of the mem-
brane, especially regulation of synthesis and fluid properties, in the life cycle
of cell wall–deficient L-form bacteria.
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INTRODUCTION

Bacterial cytoplasmic membranes, composed of roughly equal proportions of proteins and lipids,
have a multitude of important or essential functions. The membrane comprises the major bound-
ary outlining the cell cytoplasm, and it controls the transport and diffusion of myriads of small
molecules and secreted proteins between the intracellular and extracellular space. The trans-
membrane electrochemical gradient powers many crucial cell functions. In principle, membrane
surfaces can act as topological landmarks used by morphogenic systems to mold the shape and
division of the cell. Expansion of the membrane must at least keep pace with overall cell growth
to enable all of the above to work.

Lipids in the bacterial cytoplasmic membrane form a classical bilayer structure. The lipids fall
into a relatively small number of general chemical classes, but within most of these classes there are
molecular variants differing in size and isomeric form (122). The precursor molecules are derived
mainly from central metabolism, although some pathogens and commensals can acquire fully
formed fatty acids or lipids from the environment (146). In general, the genes for lipid synthesis
are widely conserved, suggesting that they emerged early in evolution. The key synthetic reactions
are well established and have been studied in detail in several organisms (95).

Although the biochemical basis of lipid synthesis is relatively well understood, much less is
known about how synthesis is regulated, particularly how different classes and isoforms are made
in order to adapt to changes in internal and external conditions. Different lipid components are
assumed to contribute to specialization of functions in membranes, but again, we know little about
the molecular details of these effects. Finally, there has been much speculation and discussion
about the existence of structurally and functionally specialized lipid domains in the membranes
of higher organisms and to a lesser extent bacteria. This review summarizes and discusses recent
developments in our understanding of specialization in bacterial membrane structure, particularly
in relation to bacterial morphogenesis.
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INTERNAL ORGANIZATION OF THE BACTERIAL
CYTOPLASMIC MEMBRANE

Our understanding of the structure and function of biological membranes has been guided by the
classical fluid mosaic model of Singer & Nicolson (121). In this early model, the cell membrane was
defined as a two-dimensional liquid in which lipids and embedded proteins are free to diffuse later-
ally, thus resulting in a largely homogeneous structure. The original model has been refined over
the years to incorporate an increasing level of complexity and organization imposed by cytoskeletal
protein structures that limit and compartmentalize the diffusion of lipids and proteins, and the
presence of membrane areas that differ in their composition and physicochemical properties (lipid
domains) (86, 142). Advances in our understanding of the organization of biological membranes
have been driven predominantly by research on eukaryotic cells and in vitro model systems. From
these studies, three closely interconnected properties of lipid bilayers have emerged as key param-
eters determining their ability to demix and form lipid domains: (a) the lipid head group and the
associated charge and physical shape of the lipid species (33, 77), (b) the lipid fatty acid moieties
and the associated differences in the fluidity and packing of the lipid bilayers (95, 141), and (c) the
phase behavior of lipid bilayers (99). These phospholipid-driven demixing processes are further
modulated by either membrane-associated proteins (12, 69) or membrane-intercalating molecules
such as cholesterol (57, 109).

Although less studied, bacterial cytoplasmic membranes also exhibit lateral heterogeneity and
can form specific lipid domains (6, 65). The first indications that bacterial cytoplasmic membranes
are not entirely homogeneous emerged from studies demonstrating that membranes can be sepa-
rated into fractions that differ in protein composition (14, 41, 64). These early studies were later
supported by both spectroscopic and microscopic methods demonstrating that phospholipids also
exhibit lateral heterogeneity in bacterial cytoplasmic membranes (31, 140, 141, 144). In the fol-
lowing sections, we summarize current evidence for the existence of lipid domains in bacteria and
discuss postulated explanations for their formation and biological functions.

Domains Determined by Lipid Head Groups

The major bacterial lipid species are the anionic phosphatidylglycerol (PG) and diphosphatidyl-
glycerol (cardiolipin, CL) and the zwitterionic phosphatidylethanolamine (PE). Minor quantities
of anionic phosphatidic acid (PA), positively charged lysyl phosphatidylglycerol (lysyl-PG), or
glucolipids (mono- and diglucosyl diacylglycerol) are also commonly present (36, 56, 95). In most
cases, we lack methods to localize specific lipid species within the cell. CL forms a prominent
exception to this difficulty, and our understanding of cellular localization is significantly more
comprehensive for CL than it is for other phospholipid species. Nonyl acridine orange (NAO) is
a fluorescent, largely nontoxic membrane dye that binds anionic phospholipids (Table 1). Upon
association with CL, NAO undergoes a fluorescence emission red-shift, which allows the micro-
scopic detection of CL-rich domains (Figure 1).

In their seminal paper, Mileykovskaya & Dowhan (75) demonstrated that CL forms polar
localized domains in Escherichia coli membranes. Independent evidence for polar CL domains was
provided by analysis of the lipid composition of E. coli minicells. These small anucleate cells formed
by a misplaced polar division turned out to be enriched in CL at the expense of PG, thus confirming
the polar preference of CL (52). Following these findings, CL domains were later shown to exist in
numerous other bacterial species, including Bacillus subtilis, Pseudomonas putida, Enterococcus faecalis,
and Streptococcus pyogenes (8, 65, 108, 133). Importantly, the polar and septal CL domains modulate
the localization and activity of membrane proteins, including the compatible solute transporter
ProP and magnesium transporter MgtA (106, 107, 128). CL domains have been suggested to
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Table 1 Lipid specificities of agents used to visualize membrane structure

Dye Charge Lipid specificity Notable characteristics Ref.

FM 4-64 Positive Potential preference toward anionic
lipids

Does not translocate across bacterial
membranes

7, 117

FM 5-95 Positive Potential preference toward anionic
lipids

Slightly less lipophilic variant of FM
4-64

132

Nile Red Neutral No known lipid preference Some preference toward fluid
membrane areas

125

MitoTracker
Green

Positive Potential preference toward anionic
lipids

Translocates across bacterial
membranes

117

NAO Positive Preference toward anionic lipids Cardiolipin/anionic lipid–dependent
fluorescence emission spectrum

75, 89

Ro09–0198 N/A Specific for phosphatidylethanolamine Nonfluorescent peptide 87

Laurdan Neutral No known lipid preference Membrane fluidity–dependent
fluorescence emission spectrum

5, 125

DiI-C12 Positive Potential preference toward anionic
lipids

Strong preference toward fluid
membrane areas

84, 125

play a role in cell division and division site selection processes (76, 87). However, the observed
effects of anionic phospholipid–deficient strains on the cell division process are relatively minor
and potentially reflect a general requirement for anionic phospholipids in membrane anchoring
of the division machinery (21, 78, 79, 97). Whether specific (negatively charged) lipid domains
are required for the cell division process remains to be demonstrated.

The negative curvature of polar membranes has been proposed as the reason why CL accu-
mulates at the cell poles. Indeed, both computational simulations (42, 82) and experimental data
(105) support a model in which the intrinsic conical shape of CL (43), matching the negative
membrane curvature present at the cell division sites and cell poles, drives the localization and
clustering of CL molecules. In the absence of both CL and PG, two anionic phospholipids, PA
and N-acylphosphatidylethanolamine, which E. coli accumulates under these conditions, also form

High-fluidity membrane
microdomains

Low-fluidity membrane
microdomains 

Flotillin-GFPNAO (green) GFP-MreB DiI-C12NAO (red)

Polar cardiolipin
domains

a b c

Figure 1
Lipid domains in bacterial cytoplasmic membranes. (a) The localized green and red fluorescence of Bacillus
subtilis cells stained with NAO following the protocol described by Kawai et al. (46), and the fluorescence emis-
sion captured in green- and red-wavelength ranges, respectively. (b) B. subtilis cells expressing GFP-MreB and
stained with the fluid-membrane-preferring dye DiI-C12 (125). (c) The focalized localization pattern of flotillin
(FloT-GFP) in B. subtilis (18). Abbreviations: GFP, green fluorescent protein; NAO, nonyl acridine orange.

522 Strahl · Errington



MI71CH26-Errington ARI 16 August 2017 7:49

polar domains (79). PA, at least, shares a conical shape with CL (51). However, Oliver et al. (89)
demonstrated a polar accumulation and clustering of PG only in the absence of CL. In contrast
to CL and PA, PG has little intrinsic curvature, arguing for an additional shape-independent
mechanism that recruits anionic phospholipids to the cell poles.

In their article, Oliver et al. (89) also rigorously analyzed the labeling specificity of NAO. On the
basis of binding assays and spectroscopic analyses, a more general preference of NAO for anionic
phospholipids, even in the case of the red-shifted fluorescence previously thought to be CL specific,
is suggested. Thus, rather than relying on NAO exclusively, the cellular localization patterns, and
other phenomena linked to polar CL domains, should be verified by different approaches, such as
through use of the available phospholipid synthase deletion mutants.

Septal membranes of B. subtilis (but not of E. coli) are proposed to be enriched in PE in addition
to CL (87). In this case, labeling was based on the cyclic peptide Ro09–0198, which specifically
binds PE. This staining method relies on immunofluorescence and thus chemical fixation of the
cells, followed by lysozyme treatment. These treatments can disturb the distribution of fluorescent
dyes such as FM 5-95 and Nile Red in B. subtilis (H. Strahl, unpublished), highlighting the need
for careful controls. Unfortunately, the pattern of Ro09–0198 staining was compared only against
NAO. A clear colocalization was observed, although NAO should not stain PE (89). For these
reasons, and in the absence of confirmatory studies, the existence of PE-enriched lipid domains
in B. subtilis membranes remains debatable.

Lipid Domains Determined by High Membrane Fluidity

PG, the third major phospholipid species in bacteria, has also been postulated to form domains
in membranes. This hypothesis was based on the observation that, under certain conditions, the
positively charged fluorescent membrane dye FM 4-64 stains the membranes of B. subtilis in a
nonhomogeneous manner, producing intricate patterns with a helix-like appearance (7). These
putative lipid structures are disrupted by depletion of PG and colocalize with the cell division site
regulator MinD (7). Crucially, the membrane association of MinD relies on anionic phospholipids
such as PG in vitro (78). On the basis of the cationic nature of FM 4-64, the disruption caused
by depletion of PG, the difference in staining pattern compared to NAO, and the recruitment of
MinD, these domains were postulated to be enriched in PG (7). Later, the authors showed that
depletion of the essential glycosyltransferase MurG, which catalyzes the last step of the cell wall
precursor lipid II biosynthesis, dissolves these lipid domains, pointing to an intriguing connection
between domain structure and the process of cell wall synthesis (81).

In the course of analyzing the consequences of membrane depolarization on protein local-
ization in B. subtilis (126), we noticed that depolarization is accompanied by the appearance of
membrane foci that are preferentially stained by both the cationic dyes FM 4-64 and FM 5-95 and
an uncharged membrane dye, Nile Red. These depolarization-triggered membrane foci turned
out to be associated with delocalization of the lateral cell wall synthetic machinery and depend on
actin homologs of the MreB type (125). Because these domains were also stained with uncharged
Nile Red, it was initially unclear whether they were a facet of the domain network reported by
Barak et al. (7) or a separate phenomenon. The solution to this puzzle emerged from two experi-
ments. First, depletion of the essential phospholipid PG results in membrane depolarization and,
consequently, in MreB-dependent changes in the staining pattern of both FM 4-64 and Nile Red,
thus questioning the specific involvement of PG (125). Second, use of the fluidity-sensitive dyes
laurdan and DiI-C12 showed that the domains were instead characterized by increased local mem-
brane fluidity (Figure 1). Finally, the fluid domain organization of the membrane was also shown
to have a general impact on the localization and diffusion of membrane proteins. The existence of
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an MreB-associated membrane domain organization was later endorsed by Oswald et al. (91). By
conducting single-molecule tracking experiments with DiI-C12 and integral membrane proteins,
the authors demonstrated for the first time in bacteria that lateral mobility of membrane proteins
is subject to a temporal confinement caused by MreB-dependent membrane microdomains. Im-
portantly, this study also demonstrated that the lipid domain network associated with the cell wall
elongation machinery is conserved in the gram-negative model organism E. coli.

Local membrane fluidity can be increased by several mechanisms, including the binding of
charged proteins (69) and the recruitment of specific lipids that increase local membrane disorder
(149). The isoprenoid lipid carrier for cell wall precursor synthesis, lipid II, both favors a more fluid
membrane surrounding and promotes local membrane disorder in its vicinity (34, 44). Because
the MreB cytoskeleton spatially organizes the lateral cell wall synthesis machinery and directly
interacts with proteins involved in lipid II synthesis (30, 80, 134), lipid II emerges as a prime
candidate responsible for the fluid lipid domains. It is not yet clear whether lipid II is indeed the
domain-inducing agent or whether the fluid lipid network has indeed a specific biological function.
Are these lipid domains a simple consequence of lipid II clustering, or does the local high fluidity
restrict the diffusion of lipid II away from the cell wall synthetic sites, thereby enabling high
processivity of the lateral wall synthesis machinery?

Irrespective of their biological purpose, these fluid domains have a surprising relevance to
our understanding of the mode of action of the membrane-targeting antibiotic daptomycin. It
turned out that daptomycin has a clear preference for the lipid domains associated with the cell
wall synthetic machinery. Upon incorporation, daptomycin releases the lipid II synthesis protein
MurG into the cytoplasm. The resulting inhibition of cell wall synthesis represents the main
mechanism through which low concentrations of daptomycin inhibit B. subtilis (84).

Lipid Domains Determined by Low Membrane Fluidity

The lipid rafts found in eukaryotic membranes are arguably the best-studied examples of lipid
domains (40, 55, 57). At the core of lipid raft formation lies the ability of lipid bilayers to undergo
phase separation, leading to spatially separated membrane areas with distinct composition and
physicochemical properties (120). Most lipid bilayers can undergo phase separation between a fluid
liquid-disordered phase and a more rigid and tightly packed gel phase. This process is dictated
largely by temperature and intrinsic properties of the lipids involved, such as the head group
species and the degree of fatty acid unsaturation or branching. Specific membrane intercalating
molecules can induce a third phase termed the liquid-ordered phase, which lies between the liquid-
disordered and gel phases in terms of fluidity and lipid packing. Lipid rafts are cholesterol-induced
liquid-ordered phase domains found in the cytoplasmic membranes of eukaryotic cells (57). These
low-fluidity domains are also enriched in sphingolipids and specific proteins and play an important
role in various cellular processes, including membrane trafficking and signaling (40, 55, 57).

The membranes of most bacteria and archaea do not contain cholesterol, and lipid rafts were
thus assumed to be limited to eukaryotes. The first indication that this might not be true came
from the discovery that KinC, a sensory kinase involved in the regulation of B. subtilis biofilm
formation, is not functional in the absence of farnesyl diphosphate phosphatase, YisP (58). The
product of YisP, farnesol, is required for the synthesis of various important terpenoids, such
as squalene, carotenoids, and hopanoids. These molecules increase lipid bilayer order and are
therefore prime candidates to functionally replace cholesterol in lipid domain formation (39, 109,
110, 123). Owing to the more ordered structure, lipid rafts are more resistant toward nonionic
detergents, allowing the isolation of detergent-resistant membrane (DRM) fractions enriched in
lipid raft components (11, 116). When this analysis was carried out with B. subtilis, KinC was indeed
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found exclusively in the DRM fraction. Crucially, this enrichment relied on the YisP-dependent
synthesis of terpenoids (58). These findings led to the hypothesis that lipid-raft-like ordered lipid
domains involved in signaling also exist in bacterial membranes (58). Because these domains are
not cholesterol dependent and thus not lipid rafts in the strict sense, the term functional membrane
microdomains was suggested.

A more detailed analysis of the DRM fractions identified additional proteins involved in signal-
ing, and also others involved in protein secretion and proteolysis. Importantly, DRM fractions are
highly enriched in proteins homologous to eukaryotic flotillins (18, 58, 95, 147). In eukaryotes,
flotillins localize to lipid rafts and play an essential role in their cellular function (148). Demonstrat-
ing a functional connection between flotillins and the terpenoid-dependent signaling, the B. subtilis
flotillin homologs FloT and FloA are essential for the proper function of KinC (58). In addition
to biofilm formation (147), the deletion of flotillin homologs also impairs motility, competence,
protein secretion, and cell morphology (5, 15, 16, 74). In agreement with a role in regulation of
membrane order, overexpression of FloT reduces membrane fluidity upon membrane stress (53).
The absence of flotillins in turn disturbs membrane fluidity and causes low-fluidity domains, most
likely representing liquid-ordered-phase membrane areas, to coalesce (5). Pull-down experiments
using flotillins identified various proteins, including components of the protein secretion machin-
ery, transporters, and proteins involved in cell wall turnover and respiration (5). Thus, there is
convincing evidence for a functional connection between the fluidity-modulating flotillins and
various cellular processes.

In agreement with the concept of membrane microdomains characterized by flotillins and spe-
cific lipids forming a platform for certain membrane-associated processes, the flotillin homologs
were shown to localize to distinct foci in the membranes of both B. subtilis and Staphylococcus au-
reus (Figure 1) (18, 58). However, it is not entirely clear how the localization of the two flotillin
homologs relates to the proteins linked to the postulated raft-like domains such as KinC, FtsH,
and SecY. Originally, the flotillin homologs FloT and FloA and the sensory kinase KinC were
postulated to colocalize in a terpenoid-dependent manner (58). Later, however, FloT and FloA
were shown to form separate clusters, thus arguing for two distinct membrane microdomains
associated with the individual flotillin homologs (114). The spatially separate nature of the two
flotillin clusters was later confirmed by Dempwolff et al. (16). By providing compelling evidence
that flotillins neither colocalize nor codiffuse with proteins postulated to form a part of the mem-
brane microdomains, such as KinC, FtsH, and SecA, this study casts significant doubt on the idea
of a relatively static raft-like microdomain composed of flotillins, so far unidentified terpenoids,
and other proteins (16). Thus, more work is needed to unify these findings and to decipher the
detailed role of the flotillin homologs in the organization of bacterial membranes.

DYNAMIC PROTEIN MEMBRANE INTERACTIONS
IN MORPHOGENESIS

The cytoplasmic membrane serves as the central scaffold for cellular machineries driving and
regulating bacterial morphogenesis. Rather than establishing a permanent membrane tether by
use of transmembrane domains, essential membrane interactions in morphogenesis are frequently
established by amphitropic proteins that bind the membrane surface in a reversible and regulat-
able manner. In bacteria, the association of peripheral proteins with the cytoplasmic membrane
is commonly based on direct electrostatic and hydrophobic interactions with the lipid bilayer or
on lipid anchors introduced by posttranslational modification. In the following sections, we dis-
cuss the basic biochemical factors underlying these membrane binding processes and review the
morphogenetic proteins that associate with membranes via peripheral binding.
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Lipoproteins

Bacterial lipoproteins are anchored to cellular membranes by covalent binding to a lipid via a
conserved N-terminal cysteine residue. The lipidation process is initiated by secretion of a pre-
lipoprotein to the extracellular face of the cytoplasmic membrane, followed by covalent attachment
of commonly mono-, di-, or triacylglycerols derived from regular anionic phospholipids (85, 151).
Prominent examples of lipoproteins involved in cell morphogenesis are the gram-negative outer
membrane proteins LpoA and LpoB, which regulate the activity of penicillin-binding proteins
(93, 135), and EnvC and NlpD, which regulate the activity of cell wall–degrading amidases (136).

Membrane Association Based on Electrostatic and Hydrophobic Interactions

The biosynthetically complex targeting mechanism based on lipidation provides robust membrane
association but leaves little room for regulation or reversion of the membrane association or for
the adjustment of membrane affinity. More commonly, the peripheral membrane association is
achieved by direct interactions between specific surface-exposed amino acid residues and the lipid
bilayer (145). Owing to the composition dominated by anionic phospholipids PG and CL, and
the zwitterionic phospholipid PE, electrostatic interactions between anionic phospholipids and
cationic amino acid side chains provide significant membrane affinity (83, 95). Similarly, large hy-
drophobic residues such as leucine, isoleucine, and phenylalanine favor the hydrophobic interior
of lipid bilayers, whereas the slightly more polar tyrosine and tryptophan prefer the interface be-
tween the hydrophobic membrane interior and the lipid head group layer (62, 98). The resulting
hydrophobic interactions thus promote membrane association. This type of membrane interac-
tion, established by amino acids either clustered at the membrane-facing surface of the protein
or localized in a specific membrane-interacting loop, is responsible for the membrane binding
of the polar landmark protein DivIVA (88); the bacterial homolog of the membrane-remodeling
GTPase dynamin (59); and the actin homolog MreB, involved in spatial regulation of cell wall
synthesis (111). In gram-negative bacteria, the membrane association of MreB is further supported
by a membrane-binding amphipathic helix (111).

Membrane Association Based on Amphipathic Helices

The arguably best-studied mechanism establishing reversible membrane association, and also
the mechanism most frequently utilized by proteins involved in morphogenesis, is based on
membrane-binding amphipathic helices. These abundant membrane-binding modules can be
found in the gram-negative MreB homologs (111); in the cell division proteins FtsA and SepF,
responsible for tethering of the cytokinetic FtsZ ring to the membrane (21, 97); in the cell division
site regulators MinD, MinE, and Noc (1, 118, 130, 150); and as membrane anchors for certain
penicillin-binding proteins (25). Other prominent examples not directly involved in morphogen-
esis are the membrane stress protein PspA (45), the ribonucleases RNase E and RNase II (49, 60),
the flagellar basal body protein FlhG (115), and the signal recognition particle receptor FtsY (94).

Conceptually, amphipathic helices combine the electrostatic and hydrophobic membrane in-
teractions of individual amino acids into a functional module. Although amphipathic helices can be
found embedded within protein structures, as for RNase E (49), they are most commonly associ-
ated with the C or N termini of proteins. The transplantable nature of several amphipathic helices
has been demonstrated, and it is tempting to speculate that these small, modular, and indepen-
dently functioning domains allow membrane association to evolve with relative ease via domain
swaps and insertions, thus potentially explaining their wide distribution. Typically, a membrane-
binding amphipathic helix is a 10- to 30-amino-acid-long polypeptide that is commonly unfolded
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Figure 2
Membrane-binding amphipathic helices. (a) Helical wheel representation and the predicted orientation with respect to the lipid bilayer
of the amphipathic helices of Escherichia coli, FtsA, MinD, MreB, and Rne (49, 97, 111, 130, 150). (b) Sequence-based AmphipaSeek
prediction of the amphipathic helices depicted in panel a (113). A prediction score higher than 0 indicates a high likelihood for an
α-helical region with an amphipathic character. The amino acid ranges depicted in the corresponding helical wheel representations are
underlined.

in solution but adopts an α-helical configuration upon membrane binding (13, 20). In a folded
state, amphipathic helices have characteristic opposing hydrophobic and polar faces, resulting in
a hydrophobic moment driving membrane intercalation. Frequently, cationic side chains estab-
lishing electrostatic interactions with anionic phospholipids, and aromatic side chains favoring
the lipid head group layer, are found flanking the hydrophobic face of the helix (Figure 2a). The
membrane affinity is thus determined by the hydrophobic moment, the bulkiness of the side chains
determining the displacement of lipids required for bilayer intercalation, and the more specific
interactions formed by cationic and aromatic residues (13, 20). These small helices thus represent
compact membrane-binding modules that can be relatively easily adopted and tuned by evolution
for use in a range of membrane-associated processes.

As a consequence of the binding mode, amphipathic helices are not merely static membrane
tethers providing attachment: Both environmental factors and properties of the membrane can
crucially influence the membrane binding process. The ion composition of the aqueous envi-
ronment has a complex effect on the membrane binding of amphipathic helices. Monovalent or
especially divalent cations can reduce membrane affinity by quenching electrostatic interactions,
but higher ionic strength also promotes binding by increasing the hydrophobic moment. Owing
to their reliance on electrostatic interactions between cationic residues and the negatively charged
membrane surface, bacterial amphipathic helices commonly require anionic phospholipids, PG
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or CL, for efficient binding. Accordingly, a higher affinity for anionic phospholipid–enriched
lipid domains, such as the polar CL domains, has been reported (76, 78). Because the membrane
binding process requires lateral displacement of phospholipids, the more relaxed lipid packing
density associated with both high membrane fluidity and high positive membrane curvature stim-
ulates the binding of amphipathic helices (9, 20). A higher affinity toward lipid bilayers segregated
into domains, a phenomenon likely linked to reduced line tension associated with lipid domain
boundaries, has also been reported (9, 68). Finally, transmembrane potential stimulates membrane
binding of relatively weak amphipathic helices, such as those found in MinD and FtsA, via a so
far unresolved mechanism (126). In addition to properties of the membrane modulating the bind-
ing, amphipathic helices can also directly influence membranes, upon binding, by inducing and
stabilizing lipid domains (13, 67) and by locally deforming the lipid bilayer (4, 13, 20).

Because the function is based on the amphipathic character of a relatively short polypeptide
rather than on a conserved primary sequence, and because these domains are commonly unresolved
in crystal structures, it was relatively difficult in the past to identify and to distinguish membrane-
binding amphipathic helices from non-membrane-binding amphipathic helices found on protein
surfaces. However, this difficulty has been effectively removed by the development of a specific
prediction tool, AmphipaSeek (113). This algorithm, based on an SVM (support vector machine)
classifier trained with a set of 21 experimentally verified amphipathic helices, has contributed to
the identification of MreB, SepF, Noc, and FtsY amphipathic helices (1, 21, 94, 111) and can
retrospectively reliably identify known bacterial helices, such as those found in MinD, MinE, and
FtsA (Figure 2b).

MEMBRANE CURVATURE AS A SPATIAL CUE

In addition to internal domain organization, the shape of the cytoplasmic membrane also plays a
crucial role in establishing bacterial cell architecture. Four distinct types of membrane topologies
can be found in rod-shaped bacteria: the cylindrical part of the cell (zero Gaussian curvature),
the curved tip of the septum (negative Gaussian curvature), the concave membrane surface found
at the inner surface of the cell poles (positive Gaussian curvature), and the convex membranes
found at the outer surface of the cell poles and endospores (positive Gaussian curvature). In the
following sections, we discuss how topological features of the cytoplasmic membrane are used as
spatial cues to localize membrane proteins.

Protein Recruitment to Convex Membrane Surfaces

Currently, the only bacterial protein known to utilize convex membrane surfaces as a spatial cue
is the B. subtilis sporulation protein SpoVM. This small α-helical and amphipathic membrane
protein localizes to the outer surface of the developing prespore and plays an important role in
spore coat assembly (Figure 3) (70, 100, 138). Recruitment to the prespore surface relies on the
convex geometry of the prespore membranes (101). Importantly, Ramamurthi et al. (101) could
demonstrate that SpoVM is recruited to the prespore membranes only if they are curved and that
SpoVM efficiently recognizes nonspore membranes of comparable curvature. In agreement with
a curvature-dependent binding mechanism, SpoVM preferentially binds liposomes with smaller
diameter in vitro (101). Amphipathic helices exhibit a general preference toward highly convex
membranes owing to the associated lipid packing defects. This phenomenon, which increases
the binding capacity of highly curved membranes, is common for amphipathic helices that insert
relatively shallowly into the lipid bilayer (20). In contrast, the curvature preference of the deeper
intercalating SpoVM protein is established through a cooperative binding process resulting in an
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Figure 3
Membrane-curvature-dependent cellular localization. Schematic representation of a Bacillus subtilis cell indicating the cellular
localization of SpoVM recruited to the curved prespore membranes (a), the localization of DivIVA recruited to the highly curved base
of the septum (b), and MreB filaments recruited to inward bent areas of the cytoplasmic membrane (c). Abbreviation: GFP, green
fluorescent protein.

increased binding affinity, which allows SpoVM to sense a significantly shallower curvature, thus
arguing for a different mechanism (37, 143). Whereas the case for the curvature-dependency of
SpoVM is solid, the curvatures associated with the prespore membranes are extremely shallow and
a mechanism based on direct curvature sensing by SpoVM seems unlikely (37). The exact feature
of shallow-curved convex membranes sensed by SpoVM thus remains to be identified.

Protein Recruitment to Concave Membrane Surfaces

Arguably the best-characterized example of a bacterial protein recognizing and localizing to con-
cave membranes is the polar landmark protein DivIVA (22). This versatile scaffold protein directly
binds cytoplasmic membranes via its N-terminal domain (88) and, depending on the cellular con-
text and species, recruits other proteins such as components involved in cell division, division
site determination, chromosome segregation, and cell wall synthesis (29, 32, 61, 132). The in-
volvement of DivIVA homologs in morphogenesis was recognized because of DivIVA’s role in
division site determination in B. subtilis and because it localizes to the cell division sites (22). Later,
B. subtilis DivIVA was shown to localize in a division- or pole-dependent manner also in E. coli
and in Schizosaccharomyces pombe, thus demonstrating that DivIVA can independently recognize
an unknown but conserved feature of cell division sites (23). This feature is the high membrane
curvature found at the base of the septum (Figure 3) (28, 54, 102). The exact molecular mech-
anism through which DivIVA exhibits its strong preference toward concave membranes is still
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enigmatic. However, DivIVA can form complex oligomeric structures that are potentially large
enough to perceive the high local membrane curvature (124). A mechanism based on large DivIVA
oligomers forming higher-order assemblies that are stabilized by increased membrane interactions
occurring at highly curved membranes has been postulated. This molecular bridging model was
indeed sufficient to localize DivIVA to highly curved membranes in computational simulations
(54). However, more work is needed to test this model experimentally.

Bacterial membrane chemoreceptors form large sensory arrays that typically localize to the
cell poles in rod-shaped bacteria (66). On the basis of studies of E. coli chemoreceptors, several
polar targeting mechanisms, including preference for CL domains (119), pattern formation based
on stochastic clustering (131), interaction with the cell division machinery (112), and localization
based on polar membrane curvature (24), have been postulated. Recently, we showed that the
polar localization pattern in B. subtilis is indeed based on a curvature-dependent mechanism (127).
However, instead of recognizing the shallow curvature at the cell poles, chemoreceptor complexes
cluster at the same highly curved membranes formed by the cell division process as DivIVA.
This local enrichment appears to stimulate the formation of large and immobile chemosensory
arrays that remain polar localized upon completion of the cell division process. On the basis of
mutagenesis, we could show that the localizing unit is a trimeric complex of chemoreceptor dimers,
and the preference toward highly concave membranes is likely due to the rigid tripod-like shape of
the protein complex matching the high membrane curvature found at the base of the septum (127).
Very recently, the mechanism of polar chemoreceptor targeting based on membrane curvature
was shown to be conserved in E. coli as well (19).

Finally, components of the phosphotransferase system localize to the cell poles and cell division
sites both in E. coli and in B. subtilis (38). This localization appears to rely on concave membrane
areas; however, the components of the phosphotransferase system are soluble and do not directly
interact with the cytoplasmic membrane. Thus, again, the mechanism underlying close proximity
to the curved membrane remains to be discovered.

Membrane Curvature in Determination of Rod Shape

In virtually all bacteria the cell shape is determined by the spatially regulated synthesis of the
cell wall, which lies immediately outside the cytoplasmic membrane. The wall is composed of
an elastic mesh-like material, peptidoglycan, and is made by a complex constellation of synthases
and hydrolases acting in concert (134). The key regulatory component of the cell elongation
machinery in most rod-shaped bacteria is the actin homolog MreB, which localizes in the form of
filaments oriented roughly perpendicular to the cell axis, which move processively in a cell wall
synthesis–dependent manner (17, 26, 35, 103, 139). In the absence of the MreB cytoskeleton, cells
lose their normal shape and adopt a largely coccoid morphology. How the MreB cytoskeleton
guides cell wall synthesis and thus cell morphology remains poorly understood.

Due partly to artefacts caused by the use of nonfunctional GFP fusions, a considerable debate
with respect to the importance and even existence of MreB filaments has been ongoing (26). The
most recent studies, however, provide convincing evidence that MreB forms dynamic filamentous
structures that can vary in length and are oriented approximately perpendicular to the cell length
axis (90, 92, 103, 137). Intriguingly, by following the localization of MreB in artificially bent E.
coli cells (104), and by correlating the localization of MreB with naturally occurring undulations
in cell shape (137), Renner et al. and Ursell et al. showed that MreB filaments are guided by the
curvature of the cytoplasmic membrane. In contrast to the previously discussed recruitment to
simple convex and concave membranes, MreB filaments appear to show preferential enrichment
at membrane areas that exhibit low mean negative Gaussian curvature. In the cellular context,
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these are membrane areas with saddle-like topology formed by a bend in the regular rod shape.
As a consequence, MreB filaments and the associated cell wall synthesis machinery are recruited
to cellular areas with an inward bend, thereby triggering faster local cell wall expansion, which in
principle can straighten the bend. The rod shape is thus postulated to be maintained by a self-
correcting feedback mechanism based on a curvature-dependent recruitment of MreB filaments
guiding the cell wall synthesis to areas deviating from a regular rod shape (137). The detailed
mechanism through which MreB filaments can sense the negative Gaussian curvature remains
to be established, but it likely involves the ability of MreB to form extensive polymers at the
membrane surface (111).

The above-described mechanism provides a model of how a regular rod shape can be main-
tained. However, how the rod shape is established in the first instance, and what determines its
diameter, remains unanswered. An important cue was provided by the ability of both B. subtilis
(47) and E. coli (10) to transition between a regular walled state and a cell wall–free L-form state
(25). These findings crucially demonstrate that no preexisting template structure is needed for
morphogenesis. Intriguingly, MreB not only is required for the restoration of the cell shape but
also appears to direct de novo cell wall synthesis to inward-curved areas of the undulating L-form
surface. As a consequence of this bias, the cell undergoing reversion to the walled state grad-
ually adopts an increasingly elongated shape (10). The curvature preference of MreB filaments
thus appears to be crucial also in establishing the rod shape morphology. Finally, in line with the
emerging picture that intrinsic physical properties of MreB polymers play a key role in establish-
ing and maintaining a rod shape, the diameter of E. coli tightly correlates with the orientation of
the MreB filaments (92). On the basis of these findings, a model was postulated in which the cell
diameter is determined by the helical pitch angle of the MreB filaments guiding the chiral growth
of the cell wall.

MEMBRANE ALTERATIONS IN CELL WALL–DEFICIENT BACTERIA

As mentioned above, many bacteria can switch to a cell wall–deficient, L-form state (3, 27). The
cell wall is normally essential because loss of wall integrity results in catastrophic osmotic rupture
of the membrane and loss of cell contents. However, this liability can be overcome by the use
of osmoprotective culture media. L-forms have a flexible pleiomorphic shape and are highly
variable in size because the cell wall normally plays a critical role in defining shape and division.
Many bacteria can undergo the switch from walled growth to L-form state growth in response to
treatment with antibiotics or by acquiring relatively simple genetic changes (73). The membrane
plays a critical role in L-form growth, and the key physiological change required for L-form
proliferation lies in upregulation of membrane synthesis (72). In B. subtilis, a mutation upregulating
synthesis of the rate-limiting enzyme in fatty acid synthesis (FAS), acetyl-CoA carboxylase (ACC),
is sufficient to drive L-form proliferation (72). Increased synthesis of malonyl-CoA, the product
of ACC, induces the FAS II enzymes that drive fatty acid synthesis (via a regulator called FadR)
(2, 63), presumably leading to increased lipid synthesis and thus membrane surface area. The
increased ratio of cell surface area to volume seems to be sufficient to drive L-form proliferation
(72)—a model that has support from both in vitro (96) and theoretical approaches (129).

Although it is clear how ACC upregulation can lead directly to L-form proliferation, it is
less easy to explain how antibiotics or mutations that interfere with cell wall (peptidoglycan)
synthesis also seem to drive L-form proliferation by increased fatty acid synthesis. The simplest
explanation is that these treatments or mutations reduce the utilization of sugars derived from the
glycolytic pathway. This reduction leads to increased flux through glycolysis and thereby increased
production of acetyl-CoA, which in turn drives the fatty acid synthetic pathway. In support of the
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increased flux idea, L-form-promoting mutations frequently seem to generate oxidative stress
(48): Acetyl-CoA also drives the tricarboxylic acid cycle, leading to enhanced electron transport
chain activity, the main cellular source of reactive oxygen species. This model makes the slightly
surprising prediction that flux through glycolysis is not subject to a feedback mechanism that
senses the excess fatty acid synthesis. Moreover, because inhibition of peptidoglycan precursor
synthesis (e.g., by phosphomycin treatment) leads to L-form growth in a wide range of bacteria
(73), it seems that this form of regulation is absent in many or most bacteria. Perhaps the coupling
of increased membrane synthesis in response to inhibition of cell wall synthesis is an evolutionarily
selected metabolic feature that enables bacteria to respond to cell wall inhibition by effecting an
L-form (cell wall–independent) mode of proliferation.

One final feature of L-forms worthy of comment emerged from a genetic screen for mutations
that prevent L-form but not walled growth (71). The strongest mutation obtained inactivated a
gene called lpd, which is required for synthesis of the precursors for branched-chain fatty acids,
which are normally approximately 90% of B. subtilis fatty acids (50, 125). It emerged that the
defect arose from a specific deficiency in anteiso branched-chain fatty acids and that the mutation
worked by reducing membrane fluidity. The mutant L-forms were able to grow and undergo
spontaneous shape changes similar to those of wild-type L-forms, but they failed to undergo the
final scission event that produces separated sister cells (71). Studies of L-forms have therefore
unexpectedly provided an interesting new window on the structure, function, and regulation of
bacterial membranes.

CONCLUDING REMARKS

For many years the bacterial cytoplasmic membrane was regarded as intrinsically unstructured
and diffusion dominated, as in the original fluid mosaic model. However, during the past 10–
15 years a more complex domain organization, reminiscent of that of eukaryotes, has emerged for
bacteria. In addition to lipid domains, topological features of the membrane are used extensively
to establish cellular organization. Thus, the cytoplasmic membrane, together with the nucleoid,
is emerging as a central cellular scaffold that both governs the cell’s inner architecture and guides
its morphogenesis. We hope to have illustrated that membrane structure is a neglected and often
overlooked facet of pivotal importance to bacterial cell biology.
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